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ABSTRACT

The Delaware Inland Bays consist of three shallow bays located in southern Delaware.
These bays are surrounded by highly developed areas and have low flushing rates, leading to
anthropogenic activities resulting in water quality degradation. This results in loss of biodiversity
and abundance of organisms within the bays. The ongoing degradation of the bays since the late
1800’s has led to a dramatic decline in local Crassostrea virginica populations. Oysters are
keystone species, which provide habitats for organisms, help to improve water quality and act as
bioindicator for the ecosystem health. The goals of this research are two fold: i) determine the
sources of nitrogen pollution in the bays using oysters as a bioindicator and ii) identify if the
introduction of oyster aquaculture improves local biodiversity and abundance of macrobenthos.
To achieve these goals, field study was conducted in Rehoboth, Indian River, and Little
Assawoman Bays. Aquaculture gear was placed at one location in each bay. Stable isotope
ratios of nitrogen of oyster tissue, water sample and soil samples were analyzed to identify the
sources of pollution and to assess the health of the bays. A benthic community assessment of
Polychaetes was used to identify the impacts of oyster aquaculture. The results of the stable
isotope analysis indicate Indian River Bay has the highest levels of anthropogenic nitrogen

loading. The results of the benthic community assessment indicate that there was no significant

v



impact to Polychaete abundance or species richness from the oysters and aquaculture gear. Little
Assawoman bay did have significantly higher abundance and species richness than the other
bays. This research is expected to help better understand the role of oyster aquaculture restoring

the viability in natural habitat of the Delaware Inland Bays.
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CHAPTER 1: INTRODUCTION

Crassostrea virginica, commonly known as the Eastern oyster, is a species of bivalve
native to the east coast of the United States. The Eastern oyster is a reef-forming organism,
creating habitat through the building of benthic structures (Jones et al., 1994). Acting as
ecosystem engineers, Eastern oysters perform many services. Some of these services include
providing habitat and protection for other organisms, providing foraging grounds for other
organisms including both recreationally and commercially important species, and improving
water quality through filtration (Zimmerman et al., 1989; Rossi-Snook et al., 2010; Harding et
al., 1999; Grabowski et al., 2012). This commercially important species has been harvested as a
source of protein since pre-colonial times. However, due to overharvesting, degradation of water
quality and the introduction of pathogens, oyster populations in the United States have
dramatically declined (Rothchild et al., 1994). In addition, invasive industrial harvesting
techniques have degraded oyster beds to the point where they are no longer suitable

environments for oysters to settle (Rothchild et al., 1994).

Oyster aquaculture in Delaware began in the 1800°s and until the late 1970’s oyster
aquaculture existed in the Delaware Inland Bays (Ewart, 2013). However, due to disease and
problems with the commercial fishermen, oyster aquaculture in the Delaware Inland Bays
stopped in 1978 (Ewart, 2013). In 2017, DNREC reopened applications for bottom-leases to
begin oyster aquaculture in the Delaware Inland Bays again. With the prospective for
aquaculture in the bays, baseline data is needed to assess the potential impacts of the introduction

of aquaculture.



One problem facing the reintroduction of oyster aquaculture in the Delaware Inland Bays
is the development of land for human use. Development of land has led to many problems in the
Delaware Inland Bays. Two examples of impacts are increased nutrient inputs and sedimentation
(Marenghi et al., 2009). High nitrogen loading resulting from non-point source pollution severely
impacts water quality in the bays (Walch et al., 2016). Additionally, siltation due to sediment
erosion and the destruction of natural oyster beds through overfishing has led to benthic
conditions which are not suitable for oyster settlement (Marenghi et al., 2009; Rothchild et al.,

1994).

Restoring a degraded ecosystem such as the Delaware Inland Bays can be rather
challenging. Continuous stress from anthropogenic activities decreases species diversity and
abundance and reduces submerged aquatic vegetation (Marenghi et al., 2009). One practice used
to restore degraded estuarine communities such as these is oyster restoration programs. Oysters
are ecosystem engineers, providing habitat in the form of oyster reefs and improving water
quality through filtration (Marenghi et al., 2009). Introducing oyster aquaculture into the
Delaware Inland Bays is a prospective method for improving ecosystem health. The introduction
of aquaculture will help improve water quality, provide habitat for other species, and possibly

help in oyster restoration efforts (Ulanowicz & Tuttle, 1992; Rose et al., 2015).

Prospectively, oyster aquaculture in the Delaware Inland Bays will have both ecological
and economic benefits to the area. This project focuses on assessing the potential ecological
benefits of oyster aquaculture in the Delaware Inland Bays. The purpose of this research is to
expand previous research in two ways: a) A new method of tracking nutrient inputs in the
Delaware Inland Bays (DIBs) using stable isotope analysis and b) An assessment of benthic

community dynamics through polychaete monitoring with the introduction of oyster aquaculture.



This research hopes to address the following three questions:

1. What are the sources of nitrogen loads in the Delaware Inland Bays?
2. Where are the sources of nitrogen loads located in the Delaware Inland Bays?
3. Can oyster aquaculture improve the degraded benthic community in the Delaware Inland

Bays?

Research Objectives

The Delaware Inland Bays are three shallow inland bays, which are impacted by high
nitrogen loading (Walch et al., 2016). The primary sources of nitrogen loading in the bays are
anthropogenic non-point source pollution (U.S. EPA, 2011; Walch et al., 2016). Previous
research has been conducted in the Chesapeake Bay to examine the nitrogen content through
stable isotope analysis of oyster tissue. This research offers similar insight into the anthropogenic
nitrogen pollution of the Delaware Inland Bays. In addition to high nitrogen loading, the
Delaware Inland Bays also suffer from degraded benthic communities (Chaillou et al., 1996).
The second part of this research aimed to assess the impacts of oyster aquaculture gear on the
benthic community. The results of this research will aid in the successful achievement of the

oyster aquaculture industry in the Delaware Inland Bays. The objectives of this research include:

1. Collecting and identifying polychaete under and around oyster aquaculture gear in order
to observe the effects of the gear and oysters on the benthic communities.

2. Collecting oyster tissue samples for stable isotope analysis of nitrogen.

3. Collecting water and soil samples for nitrogen source tracking through stable isotope

analysis.



4. Determining nitrogen pollution through nitrogen source tracking.

5. Mapping sources of nitrogen pollution using the results of the stable isotope analysis and
ArcGIS software.

6. Monitor Delaware Inland Bays water chemistry through bi-weekly water quality and

nutrient analysis.

Hypotheses:

Ho1: Oyster aquaculture sites in the Delaware Inland Bays do not show signs of nitrogen

pollution through 8'°N enriched stable isotope analysis values.

Hal: Oyster aquaculture sites in the Delaware Inland Bays do show signs of nitrogen

pollution through 8'°N enriched stable isotope analysis values.

Ho2: Polychaete abundance and diversity will not be significantly different under oyster

gear, 1 meter away from the oyster gear and 5 meters away from oyster gear.

Ha2: Polychaete abundance and diversity will be significantly different under oyster gear,

1 meter away from the oyster gear and 5 meters away from oyster gear.

This research will offer invaluable baseline data on the impact of oyster aquaculture in
the Delaware Inland Bays. It will also provide efficient and effective ways of assessing nitrogen

sources and benthic community dynamics, which can be easily replicated in future studies.



CHAPTER 2: LITERATURE REVIEW

2.1 Introduction

Bottom leases for oyster aquaculture in the Delaware Inland Bays became available in
2017 (DNREC, 2017), meaning oyster aquaculture will soon begin in the Delaware Inland Bays.
Because oyster aquaculture is new to the bays, baseline data regarding aquaculture in the Bays
needs to be collected. Oysters are ecosystem engineers (Jones et al., 1994), and the introduction
of their presence in high volume may ecologically impact the Bays. This research has two
purposes: to track nitrogen sources of pollution and to assess the impacts of oyster aquaculture
on benthic communities. The questions this research attempts to answer are:
What are the sources of nitrogen loads in the Delaware Inland Bays?
Where are the sources of nitrogen loads in the Delaware Inland Bays?

Will oyster aquaculture improve the degraded benthic community in the Delaware Inland Bays?

While oyster aquaculture will provide economic benefits through industry and tourism
(Ewart, 2013), this project will focus on assessing the potential ecological impacts of oyster
aquaculture in the Delaware Inland Bays. The Delaware Inland Bays suffer from high nitrogen
loading (Walch et al., 2016) and degraded benthic communities (Chaillou et al., 1996). Nutrient
loading in the bays comes from non-point source pollution (U.S. EPA, 2011; Walch et al., 2016).
Oysters can be used to determine sources and location of nitrogen pollution in the bays through
stable isotope analysis (Fertig et al., 2010). This can be used as a tracking tool for nitrogen
sources. Collecting baseline data for future studies to continue to track pollution will be

important for the aquaculture industry. In addition, nutrient bioextraction, where oysters are



grown and harvested from the bays to remove nitrogen can be used as a tool for controlling
nitrogen loading (Rose et al., 2015).

Opysters are filter feeding organism, depositing nutrient rich feces and pseudofeces to the
benthos (Grabowski et al., 2012). Changes in their presence can impact the benthic community
structure. As benthic organisms are highly susceptible to changes in the environment, benthic
community composition can be used as biological indicators of environmental health
(Tagliapietra & Sigovini, 2010). Previously benthic community structure has been studied to
assess the impact of oyster population declines (Grabowski et al., 2012). As oyster populations
declined, there was a shift in benthic community (Grabowski et al., 2012). Community
composition of benthic macrofauna under and around oyster aquaculture gear can be used as a
benthic impact assessment to determine the environmental impacts of oyster aquaculture in the

Delaware Inland Bays.

2.2 Ovysters and Their Value

Eastern oysters, Crassostrea virginica, are a keystone species in coastal estuarine
ecosystems. Acting as both autogenic and allogenic ecosystem engineers, these organisms both
physically and chemically alter the environment that surrounds them. As defined by Jones et al.
(1994), autogenic engineers “change the environment via their own physical structures,” while
allogeneic engineers “change the environment by transforming living or non-living materials

from one physical state to another.”

Opysters act as ecosystem engineers by creating oyster beds, which provide habitat for
many ecologically important species (Zimmerman et al., 1989; Rossi-Snook et al., 2010). This

includes several recreationally and commercially important species; for examples blue crabs,



bluefish and striped bass (Harding et al., 1999). While oysters are often thought of solely for
their value based on the services they provide for the finfish industry, as ecosystem engineers
these organisms provide many ecological services (Grabowski et al., 2012). These nonmarket
ecosystem services include improvement of water quality, reduction in turbidity, providing
nursery habitat for both ecological and commercially important species, acting as a foraging
ground and refuge from predators, and promoting nutrient cycling and sequestration (Ewart,
2013; Grabowski et al., 2012; Newell, 2004). Oysters are of such ecological significance that the
decline of oyster reefs from estuary ecosystems has been shown to contribute to regime shift
from coastal communities dominated by benthic flora and fauna to communities predominantly

comprised of planktonic and microbial organisms (Grabowski et al., 2012).

Besides providing habitat for important fisheries species, oysters themselves are also a
commercially important fisheries species. Commercial oyster fisheries begun in Delaware in the
early 1800’s, however oysters had been a food staple and product of commerce since pre-
colonial times (Ewart, 2013). Delaware reached its peak in oyster fisheries production from 1947
through 1957, after the end of World War II (Ewart, 2013). In addition, during this time, 16.2
km? of benthic area in Rehoboth Bay and Indian River Bay was leased for oyster production
(Ewart, 2013). Collapse of the industry began with the protozoan parasite Multi-Nucleated
Sphere Unknown (Haplosporidium nelson), also known as MSX (Ewart & Ford, 1993). The
parasite first appeared in Chesapeake and Delaware Bays, and then spread up and down the coast
(Greer, 2017). The disease destroyed 95% of the oyster population, and the number of bottom
leases declined due to the disease and the reduced availability of seed oyster (Ewart & Ford,
1993; Ewart, 2013). By 1978, seed oyster supply was unavailable and oyster production was

nonexistent in the bays (Ewart, 2013). A second pathogen, Perkinsus marinus, a deadly parasite



which causes “dermo,” has been effecting oyster populations in the bays since the 1990°s (Ewart,
2013). In 2017 DNREC announced oyster aquaculture applications for bottom-leases had
become available. With this announcement, oyster aquaculture in the Delaware Inland Bays will

begin again within the next few years (DNREC, 2017).

2.3 Delaware Inland Bays

The Delaware Inland Bays are shallow bays located in the southern part of the mid-
Atlantic state of Delaware. This system consists of three interconnected inland bays including
Little Assawoman Bay (LAW), Rehoboth Bay (RB), and Indian River Bay (IR) (Figure 1).
Rehoboth Bay and Indian River Bay are tidally connected to the Atlantic Ocean by the Indian
River Inlet (Walch et al., 2016). Little Assawoman Bay is the most inland bay. Its tidal
connection is through the Ocean City Inlet from the Assawoman Bay 15 kilometers south in
Maryland (Walch et al., 2016). Little Assawoman Bay is also connected to Indian River Bay

through the Assawoman Canal.

With a typical depth of less than 2.1 m and poor flushing rates, these bays are highly
susceptible to nutrient loading from the surrounding watershed (Walch et al., 2016; Chaillou et
al., 1996). In a report published by Walch et al. (2016) on the state of the Delaware Inland Bays,
nitrogen loadings in the bays far exceed the healthy limits. Indian River Bay averaged inputs
greater than 6 times this limit. The largest source of this nutrient loading comes from non-point
source pollution including fertilizer and animal waste from surrounding farmland, and human

wastewater (U.S. EPA, 2011; Walch et al., 2016).



While nitrogen is an essential nutrient in aquatic ecosystems, excess nitrogen could lead
to problems in the Delaware Inland Bays such as eutrophication and deterioration of water
quality (Chaillou et al., 1996). To assess the health of the Delaware Inland Bays, stable nitrogen
isotope analysis was proposed to track sources of nitrogen. Several characteristics of the Eastern
oyster, including their filtering capabilities, their ability to tolerate the physical stress of be
transported between sites, and the characteristic of being sessile, make this species a perfect bio-
indicator for stable nitrogen isotope analysis (Fertig et al., 2010). In addition, the use of oysters
as bio-indicators allows the researcher to minimize temporal and special variability, which would

be seen in direct measurements (Fertig et al., 2009).

In addition to being used as a bio-indicator for nitrogen loading, oyster aquaculture may
also provide a partial solution to the problem of reducing nitrogen pollution. According to the
research by Rose et al. (2015), nitrogen removal by shellfish farms was a more favorable
solution per acre than Best Management Practices (BMPs) for agricultural and storm water
runoff. Therefore, oyster aquaculture should be considered as a possible solution to reduce

nutrient loading and preventing eutrophication in the Delaware Inland Bays.

According to a report published by Chaillou et al. (1996), who examined the benthic
community measured by EMAP’s benthic index, more than 28% of the area of Maryland and
Delaware’s coastal bays had degraded benthic communities. As benthic communities are
biological indicators of environmental conditions, they reveal the levels of stress an environment
is facing (Tagliapietra & Sigovini, 2010). Benthic organisms have often been used as indicators
of environmental health due to their diversity and wide range of physiological tolerances and
responses to stressors (Chaillou et al., 1996). These organisms, subjected to contaminants and

low levels of oxygen in the sediment, are relatively immobile, which prevents them from

9



avoiding exposure (Chaillou et al., 1996). In order to assess the impact on the benthic community
from the introduction of oyster aquaculture, a benthic polychaete assessment was proposed.
Therefore, a change in composition of the degraded benthic community in the Delaware Inland

Bays would indicate an impact of aquaculture on the ecosystem.

2.4 Stable Isotope Analysis

Atoms of the same element with the same number of protons but differ in the number of
neutrons are called isotopes (Foord, 2014). These atoms have the same atomic number but
different atomic masses (Foord, 2014). The word isotope derives from “iso,” which means
“same”, and “topos,” which means “place”, because isotopes are forms of an element which
occupy the same place in the periodic table (Fry, 2006).

Besides differences in atomic mass, another physical difference is stability. Protons have
electrostatic repulsion, which is overcome by a strong nuclear force (Foord, 2014). However, too
many neutrons can result in an unstable nucleus (Fry, 2006). A nucleus with the number of
neutrons equal to or slightly more than the number of protons is important for stability of
isotopes (Fry, 2006).

While isotopes have different physical properties, their chemical properties are nearly
identical (Foord, 2014). However, isotopes with more neutrons can suffer from the kinetic
isotope effect (Foord, 2014). The kinetic isotope effect is the tendency for heavier isotopes of an
element to undergo reactions more slowly than the lighter isotopes of an element (Foord, 2014).
The mass of the isotope can also change the vibrational mode, which is the movement of the
bonds within a molecule (Foord, 2014). This could in turn effect how photons are absorbed

(Foord, 2014).
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Two of the most important isotopes used in analysis are carbon and nitrogen. In nature
98.89% of carbon is in the form of the lighter isotope, '>C, and only 1.11% of carbon is in the
form of *C (Fry, 2006). Nitrogen’s heavy isotope, '°N, only makes up 0.36% of nitrogen and the
rest is made up of the N isotope (Fry, 2006). There are many methods for isotope analysis and
samples in solid, liquid, and gas forms can be analyzed for isotopes using isotope mass
spectrometry with an elemental analyzer (Brenna et al., 1997; Tuinov, 2007). Solid unprocessed
samples are analyzed for carbon and nitrogen using flash combustion elemental analyzers
(Brenna et al., 1997).

Isotope values are often denoted in 6 notation (Fry, 2006). For example, nitrogen stable
isotopes are often denoted in §'°N values. The units for this measurement are %» or permil, which
is defined as parts per thousand (Fry, 2006). These values are calculated using the equation

below (Fry, 2006):

8 X = [(RsampLE/ RsTANDARD - 1)]¥1000

HX= Heavy isotope mass (ex: 1*C or '°N)

R= Ratio of heavy to light isotope of element

Stable isotope analysis is an important tool used by many different fields of science
(Rundel et al., 1990). When this tool first began being used, mainly geochemists and analytical
chemists utilized this technique (Lajtha & Michener, 1995). However, this tool has become

especially important in the fields of biology, ecology, and environmental science. Stable isotope
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analysis has been used to examine many areas within these fields including animal movement
and migration, resource partitioning, host-parasite interactions, trophic interactions, plant water
use and nutrient status, ecophysiological processes, anthropogenic pollution, and ecosystem
fluxes of carbon, nitrogen and water (Boecklen, et al., 2011; Fry, 2006).

Stable isotope analysis is an excellent tool for tracking and identifying non-point source
pollution. Non-point source pollution is especially difficult to monitor because it is random,
erratic, complex, unseen, and dispersed (Ma et al. 2015). However, stable isotope analysis can
account for spatial and temporal variations within nitrogen loads (Corbett et al., 2015; Fertig et
al., 2009; Fry, 2006; Jona-Lasinio et al. 2015; Mayer et al., 2002).

As there are several contributors of non-point source pollutions in Delaware Inland Bays,
stable isotope analysis is the perfect tool to assess pollution. Less than 30% of anthropogenic
nitrogen inputs in the Mid-Atlantic and New England are exported to the ocean (Mayer et al.,
2002), which can contribute to high nitrogen loading in inland bodies of water. When assessing a
watershed, tracking nitrogen pollution can be difficult using typical methods due to tides and
rapid cycling (Fry, 2006). However, isotope values persist because they are integrated into the
tissues of the organisms in the area (Fry, 2006). Therefore, isotopic signatures in organisms
present in an ecosystem can be used to evaluate nitrogen pollution within the watershed. One
important use for stable isotope analysis is to map pollution plumes (Fry, 2006; Costanzo et al.,
2005). In polluted ecosystems, high & '°N values indicate nitrogen pollution from within the
watershed (Fry, 2006). According to Fry (2006), isotope studies in aquatic ecosystems “provide
a good geographic context for ecological study in a fluid medium where boundaries are hard to
visualize.” This is especially important in this study, as the Delaware Inland Bays consist of

three distinct but interconnected bodies of water.
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This study used nitrogen signatures of oyster tissue samples, particulate organic matter
from filtered water samples, and soil samples from areas with different land uses within the
watershed to map pollution plumes. By mapping these values, this research provided baseline
data for future research in the Delaware Inland Bays. For example, this research showed the
spatial variations of particulate organic matter which can be used in future studies on food web
dynamics and nutrient transport (Kendall et al., 2001). In addition, this study can be replicated in
the future after oyster aquaculture has been established in the Delaware Inland Bays in order to

fully understand the impact on nutrient loading and the benthic community.

2.5 Benthic Community Assessment

Benthic community assessments are often used to evaluate the health of an ecosystem. A
healthy benthic community in the mid-Atlantic is characterized by high biodiversity of benthic
flora and macrofauna (Grabowski et al., 2012). Benthic communities are made up of a several
different types of organisms including many invertebrate species (Tagliapietra & Sigovini,
2010). Benthic organisms play important roles in ecosystems because they are a fundamental
part of the food web. They act both as a food source for larger organisms and as decomposers,
helping bacteria break down organic matter (Tagliapietra & Sigovini, 2010).

There are multiple ways in which benthic organisms can be used to assess ecosystem
health. Firstly, the presence or absence of benthic organisms, which are sensitive to
environmental factors, can be used as indicator species (Tagliapietra & Sigovini, 2010).
Secondly, some species of benthic organisms can be directly assessed for environmental signals
which indicate the health of an ecosystem, such as exposure to chemical contaminates through

analysis of the organism and their tissues (Tagliapietra & Sigovini, 2010).

13



Previous studies have utilized polychaete surveys as a form of benthic community
assessment, especially around sites altered for aquaculture purposes. For example, Schafer et al.
(1995) utilized both foraminifera and polychaete surveys in order to assess benthic impacts at
Canadian aquaculture sites. In a study published by Lewis and Nelson (2008), a benthic
community assessment was used to assess the impact of hypoxic conditions caused the
deposition of organic matter by mussel rafts.

Several factors make a benthic community assessment through polychaete surveys an
ideal technique for this research. One factor is that it can be easily replicated. This technique
requires inexpensive equipment. A trained technician using a dissecting microscope and
dichotomy key can identify specimens. Secondly, this method can be completed over a long
period of time. Specimens can be collected during the field season and preserved for later
identification. Additionally, aquaculture sites experience a high rate of deposition of organic
matter (Schafer et al., 1995), therefore it is crucial to study the organisms which will be directly
impacted by the implementation of aquaculture. This is especially important as polychaetes are

indicators of environmental health.

2.6 Tourism and the Economy in Delaware Inland Bays

Tourism makes up a large part of Delaware’s economy. Every summer, millions of
people travel to this small state to vacation at Delaware’s beaches. In 2015 alone, Delaware
attracted 8.5 million visitors (Delaware Tourism Office, 2015). This tourism generates hundreds
of millions of dollars in state and local taxes and fees each year (Delaware Tourism Office,
2015). Without tourism, Delaware households would pay nearly $1,500.00 more in taxes

annually (Delaware Tourism Office, 2015). The implementation of oyster aquaculture may have
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economic benefits for the tourism industry as well. A study conducted by Kecinski et al. (2016)
shows that experienced oyster consumers preferred aquaculture oysters opposed to wild caught
oysters. This could lead to a lucrative, branded market with unique, local Delaware Inland Bay
brand oysters. Oyster aquaculture will also provide a locally sourced seafood supply and
preserve the working waterfront and coastal community heritage, which may be attractive for
tourists (Ewart, 2013). In addition, oyster reefs will offer an ecotourism opportunity and may
improve recreational fisheries by improving water quality and acting as a nursery for recreational

species (Ewart, 2013).

The following chapter provides the methods used in this study to assess nitrogen loads
and the benthic community structure. Protocols for water quality and nutrient analysis; stable
isotope analysis of oyster tissue, water samples, and soil samples; and benthic community

assessment through Polychaete collections are described.
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CHAPTER 3: METHODS AND MATERIALS

3.1 Study Location

Field testing was conducted in the Delaware Inland Bays in the southern Delaware
(Figure 1). Oyster aquaculture gear was deployed in each Inland Bay: Rehoboth Bay, Indian
River Bay, and Little Assawoman Bay. The gear consisted of one set of metal aquaculture cages
(Ketchum Triple Stack cage, 0.61m x 0.91m x 0.76m, mesh size 12.7mm x 12.7mm mesh)
(Figure 2a) and one set of double-stacked aquaculture trays with lids (Aqua Trays 0.91m x
0.91m, mesh size 12mm x 12mm) (Figure 2b) The trays were suspended approximately 10 cm
from the bottom and were anchored using PVC pipes placed in each corner. The cages were
anchored using one anchor at either end of the gear. Approximately 50 market-sized oysters were

deployed in June 2016 and 250 oysters of various sizes were deployed in May 2017.

A control set of gear was added in 2017, with no oysters deployed. One set of double-
stacked aquaculture trays with lids and one set of metal aquaculture cages were deployed at the

Indian River site, on the opposite side of the research area markers.

3.2 Water Quality and Nutrient Analysis

Environmental parameters such as water quality and weather data were collected in order

to assess the environmental factors, which could influence the outcomes of the research.

Water quality was monitored weekly using a handheld YSI (YSI Inc., Yellow Springs,
OH 45387) to collect temperature, salinity, pH, and dissolved oxygen (Figure 3a). Chlorophyll-a

concentrations was measured using a Flourometer (Handheld Aquaflour, Turner Designs, State)
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(Figure 3b). Turbidity was measured using a turbidity meter (WQ770 Turbidimeter, Global

water, College Station, Texas) (Figure 3c¢).

Nutrient analysis in 2016 occurred weekly. Samples were collected in the field, kept on
ice and brought back to DSU Aquatic Sciences Laboratory for analysis using a HACH R3900
Laboratory VIS Spectrophotometer (Hach, Loveland, CO 80539) (Figure 4a). Nitrate (HACH
Method 8171), ammonia (HACH Method 8155), orthophosphate (HACH Method 8048),
alkalinity (Total Alkalinity Alkaphot Palintest Method) and total nitrogen (HACH Method
10071) were analyzed weekly. In 2016, hardness (Hardness Hardicol Palintest Method) was
measured three times throughout the project, once in the beginning, halfway through and once at
the end of the project. Nitrite (HACH method 8507) and total phosphorus (HACH Method 8190)
were measured alternately bi-weekly in 2016. In 2017, hardness (Hardness Hardicol Palintest
method) was measured three times throughout the project, once in the beginning, halfway

through and once at the end of the project.

Nutrient analysis in 2017 also occurred weekly. Samples were collected in the field and
analyzed in the field using YSI Photometer 9500 (Y SI Inc., Yellow Springs, OH 45387) (Figure
4b). Nitrate (Nitrate Nitratest Powder Palintest method), ammonia (Ammonia Palintest method),
nitrite (Nitrite-N Nitricol Palintest method), phosphate (Phosphate LR Palintest method), and

alkalinity (Total Alkalinity Alkaphot Palintest method) were analyzed weekly.

Time of collection, tide and weather during collection was recorded using
https://www.weatherforyou.com (WeatherForYou.com LLC, 2018) and the Weather Channel
App for iPhone (TWC Product and Technology, LLC, 2018). In addition, water quality and
nutrient analysis was taken directly before and after the occurrence of any significant weather

events, such as hurricanes.
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3.3 Stable Isotope Analyses

Collection of oysters for stable nitrogen isotope analysis occurred three times throughout
each field season. Stable isotope analysis methods are based on a proven protocol from Fertig, et
al. (2010). Five to seven oysters from each bay were collected in June, August and October.
Upon collection, the oysters were transported on ice to the Aquatic Sciences Laboratory at DSU

where they were frozen at -20 °C until prepared for stable isotope analysis.

To be prepared for analysis, oysters were thawed and dissected to remove the gills,
mantel, and adductor muscle. Tissue samples were rinsed and dried at 80°C for a minimum of 48
hours until completely dry. Once dry, the samples were weighed, then ground and homogenized.
Sub-samples of tissue (1.0 = 0.2 mg) were packed into tin capsules for analysis. Samples were
analyzed at Dr. Deb Jaisi’s Stable Isotopes Lab at the University of Delaware, Newark,

Delaware.

Water and soil samples collection occurred once at the end of the season. A total of 18
water sample (6 per bay) and 10 soil samples (3 per bay + 1) were collected in 2016. In 2017, 15

water samples (5 per bay) and 9 soil samples (3 per bay) were collected.

During the 2016 field season, one liter of water sample was taken in each bay on the
north, south, east and west shores, at the oyster gear site and at the inlet of each bay. During the
2017 field season, one liter of water samples per site were taken from 6 sites around the bays. A

Niskin bottle was used at a depth of 1m to collect water samples.

During the 2016 field season, three soil samples were taken around the field sites at each
bay, one in a commercial area, one in a residential area, and one in the salt marsh area

surrounding the site. An agricultural sample was also taken from a site around Indian River.
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During the 2017 field season, soil samples were taken from commercial, residential, salt marsh
and agricultural areas around the three bays. Soil samples were collected using a shovel to obtain
the top 10 cm of soil. Samples of the top 10 cm of soil were taken at each collection site until a

50 ml plastic centrifuge tube was full.
Water samples were transported on ice to the Aquatic Sciences Laboratory at DSU and

frozen at -20°C until preparation for stable isotope analysis. Samples were processed using a
protocol for particulate organic matter from Levin and Currin (2012). To prepare for analysis,
water samples were filtered at low pressure (5 in. Hg) vacuum through an ashed 47 m glass fiber
filter (GF/F). Samples were treated with 1N HCI and rinsed with Millipore water. Samples were
dried at 80°C until completely dry. Once completely dry, sub-samples were packed into tin
capsules for analysis. Samples were analyzed at Dr. Deb Jaisi’s Stable Isotopes Lab at the

University of Delaware, Newark, Delaware.

Soil samples were collected in the field, transported on ice to the Aquatic Sciences
Laboratory at DSU and frozen at -20 °C until preparation for stable isotope analysis. Samples
were processed using a protocol for sediment from Levin and Currin (2012). Samples were dried
at 80°C until completely dry, then ground and homogenized into a fine powder (450 micron).
The sample was then acidified with 1N HCI and dried again. Once completely dry, sub-samples
were packed into tin capsules for analysis. Samples were analyzed in Dr. Deb Jaisi’s Laboratory

at the University of Delaware, Newark, Delaware.

The samples were analyzed for §'°N values using the protocol by Ladin et al. (2015).
Analysis was conducted at Dr. Deb Jaisi’s Laboratory at University of Delaware, Newark,

Delaware using a Costech Elemental Analyzer (Valencia, California, USA) connected via a
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Thermo Scientific ConFlow IV to a Thermo Delta V (Bremen, Germany) isotope ratio measuring
mass spectrometer. Isotope ratios of parts per thousand were calculated using the equation
below:
8 N = [(RsampLe/ RstanparD - 1)]*1000
R= BN/“N
The 8'°N values of the samples were calibrated against the USGS standards, USGS 40
and 41. Values for §'°N in USGS 40 is 4.52% and in USGS 41 is 47.57%. The internal standard
acetanilide was used in all runs. Samples and correction standards were run in duplicate or more.

Nitrogen isotope values were reported as § 1°N relative to atmospheric N> (0.0%).

3.4 Benthic Community Assessment

Polychaete collections occurred monthly from June through October. Core samples were
taken using a PVC pipe and cap. The sample volume was 47.88 cm. A total of twenty-four core
samples were collected from each bay during each sampling date. Eight core samples were taken
under the gear (4 under the cages and 4 under the trays), eight core samples 1 meter away from

the gear and eight core samples 5 meters away from the gear.

Each core sample was sieved though a 1 mm sieve and all Polychaetes were collected and
placed in a 15% ethanol solution. After 15 minutes, the specimens were rinsed using tap water
then fixed in a 10% Formalin Rose Bengal solution. After several days in the Formalin Rose
Bengal solution the specimens were rinsed in tap water, then in 70% ethanol and preserved in a
70% ethanol solution. After preservation, the Polychaetes were identified using a Polychaete
Identification guide from the Virginia Institute of Marine Science (VIMS, 2011). Species

richness and abundance (N) were calculated for each site during each sampling season.
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Species Richness= Total number of species present

Abundance= Total number of organisms present

3.5 Statistical Data Analysis

A Principal Component Analysis (PCA) was performed in R 3.3.2 (R Development Core
Team, Vienna Austria) on the water quality data to determine important factors. Important
factors were graphed with standard deviation for both field seasons. A multivariate general
linear model was performed in SPSS 25 (IBM Corp., Armonk, New York) for the macro-benthic
species richness and total abundance analyses. A Tukey post-hoc test was performed to
determine differences between the bays and distances from gear. A p-value < 0.05 was used to
determine significance. Using ArcMap 10.5.1 (Environmental Systems Research Institute,
Redlands, California), isotopic data was mapped to create an isotope map indicating the locations

and values of samples indicating nitrogen pollution.

3.6 Potential Limitations

There are some limitations, which may affect the outcome of this research. Firstly, the
study was conducted at the locations that were not directly in the proposed areas of aquaculture
in each bay. Bottom leases did not become available at the proposed aquaculture sites until after
the second year of the study. Secondly, the scale of the research is significantly smaller than that
of an industrial aquaculture set up, permits were issued for one piece of each gear per site.
Thirdly, the sizes of oysters varied between years, this was due to the availability of oysters

being limited. Fourthly, because this is a field study and there are uncontrollable environmental
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factors which could have impacted the outcomes of this research. However, water quality and

weather were monitored to account for these limitations.
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CHAPTER 4: RESULTS

The following chapter provides important findings from this study. The first section
provides results on the water quality and nutrient monitoring. These results were analyzed using
principle component analyses, calculating the maximum and minimums of parameters, and
graphing important parameters. The second section reports polychaete survey results. This data
was analyzed using a general linear model and graphed. The third section provides the mapped
results of the stable isotope analysis for oyster tissue, water samples, and soil samples are

provided.

4.1 Water Quality and Nutrient Analysis

4.1.a 2016 Results

Water quality and nutrient analysis parameters were checked for normal distribution.
Parameters were plotted to check for correlations. A PCA was preformed to reduce data, reduce
dimensionality and create new components. Results of the PCA were examined for the
proportion of variance of each component.

The first component accounted for 53.4% of variation and the second component
accounted for 26.6% of the variation. The third component accounted for 16.4% and every other
component accounted for less than 3%. The plot of the components (Figure 5) illustrates that the
first three components could be considered for use. For the purposes of this study, components
which accounted for more than 20% of variation were used. From Figure 5 and the results of the
component analysis it was determined the first two components provide adequate explanation of

the results.
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The first component is influenced to a greater degree by DO% in the negative direction
and slightly less by turbidity and alkalinity in the positive direction (Figure 6). This means
turbidity and alkalinity relate to component one positively, indicating high values, and DO%
relates to component one negatively, indicating low values (Figure 6). Component two is
influenced to the greatest degree by DO%, turbidity and alkalinity in the negative direction and
slightly by temperature in the positive direction (Figure 6). This means DO%, turbidity and
alkalinity relate to component two negatively, indicating low values, and temperature relates to
component two positively, indicating high values (Figure 6). The results of the PCA indicates the
factors which influence the differences between the sites are DO%, turbidity, alkalinity and
temperature.

As seen in Figure 7, there are slight groupings of the three sites. Indian River’s water
quality is mainly influenced by component 1 in the negative direction, indicating DO% is
important water quality parameter in this bay (Figure 7). Little Assawoman’s water quality is
influenced by component 1 in the positive direction and to a lesser degree influence by
component 2 in the negative direction, this indicates that dissolved oxygen, alkalinity and
turbidity are important water quality parameters (Figure 7). Rehoboth’s water quality is centered
around zero for both components (Figure 7). It is apparent from the results of the PCA that the
water quality parameters described above, influence the Indian River, Little Assawoman, and
Rehoboth bays differently in the 2016 field season.

Water quality and nutrient parameters measured, varied greatly between the three bay
sites and throughout the field season (Table 1). DO% was highest during the month of October
and was lowest in September for Indian River and Little Assawoman Bays and June for

Rehoboth Bay (Figure 8). Little Assawoman consistently had the lowest levels of nitrate

24



throughout the 2016 field season (Figure 9). Orthophosphate was not stable throughout the field
season and varied greatly among all sites (Figure 10). Turbidity increased throughout the field
season in Little Assawoman (Figure 11). Turbidity stayed relatively stable in Rehoboth, below
10 NTU (Figure 11). Indian River had unstable turbidity levels, as shown in Figure 11,
September had relatively high turbidity. Overall, the results of the water quality and nutrient
analysis for the 2016 field season indicates that Little Assawoman bay had the most stable water
quality during this season than the other two bay sites.

USGS data collected during the 2016 field season at the USGS Massey’s Landing site in
Millsboro, Delaware shows readings were similar to the data collected in this study. USGS water
temperature ranged from 12.0°C to 28.7°C and DO mg/L ranged from 4.6 mg/L to 10.9 mg/L
(USGS, 2018). Data collected at the Indian River field site show water temperatures ranged from
13.26°C to 30.68°C and DO mg/L ranged from 2.91 mg/L to 10.75 mg/L. Data collected at the
Rehoboth field site show water temperatures ranged from 21.73°C to 31.42°C and DO mg/L

ranged from 2.43 mg/L to 7.97 mg/L.

4.1.b 2017 Results

Water quality and nutrient analysis parameters were checked for normal distribution.
Parameters were plotted to check for correlations. A PCA was preformed to reduce data, reduce
dimensionality and create new components. Results of the PCA were examined for the
proportion of variance of each component.

The first component accounted for 61.3% of variation and the second component
accounted for 24.0% of the variation. The third component accounted for 12.2% and every other

component accounted for less than 6%. The plot of the components (Figure 12) illustrates that

25



the first three components could be considered for use. For the purpose of this study, components
which accounted for more than 20% of variation were used. From Figure 8 and the results of the
component analysis, it was determined the first two components provide adequate explanation of
the results.

The first component is influenced by DO% in the positive direction, meaning it is related
positively to component one indicating high values (Figure 13). The second component is
influenced by turbidity and alkalinity in the negative direction, meaning turbidity and alkalinity
relate negatively to component two indicating low values. The results of the PCA indicates the
factors which influence the differences between the sites are DO%, turbidity and alkalinity.

As seen in Figure 14, there are slight groupings of water quality in Indian River and Little
Assawoman Bays. Indian River’s water quality data is clustered around zero for component one
(Figure 14). Little Assawoman’s water quality is influence by component two in the positive
direction. Rehoboth’s water quality data is not influenced by either component (Figure 14). It is
apparent from the results of the PCA that the water quality parameters as described above,
influenced the Indian River, Little Assawoman, and Rehoboth Bays differently during the 2017
field season.

Water quality and nutrient parameters measured varied greatly between the three bay
sites and throughout the seasons (Table 2). DO% during the 2017 field season was lowest during
the month of July for all three bays (Figure 15). Nitrate was lowest in June and increased in
October for the three bays (Figure 16). Phosphate, similarly to the previous year, varied greatly
among all sites throughout the field season and was not stable (Figure 17). Turbidity increased
from June through September in the bays and decreased in October (Figure 18). Unlike the

previous year, water quality was more unstable throughout the 2017 field season.
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4.2 Benthic Community Assessment

4.2.a2 2016 Results

The results of the Polychaete survey during the 2016 field season indicate the highest
abundance of polychaetes were found at the Little Assawoman site and the lowest abundance of
Polychaetes in Rehoboth Bay (Figure 19). During the 2016 field season, sampling at the
Rehoboth bay site yielded a total of 3 polychaetes throughout the entire season. Conditions of
substrate and water quality may have impacted the benthic conditions, which will be discussed in
the next chapter. The most abundant species found at both Little Assawoman and Indian River
Bays sites were the Capitellidae family (Figure 19). The top six families of Polychaetes
identified include Glyceridae, Spionidae, Spirorbidae, Orbiniidae, Capitellidae, and Oweniidae
(Figure 5).

The results of a multivariate general linear model indicate that there is a significant
difference between the number of species identified (p-value < 0.001) and total abundance of
organisms (p-values < 0.001) collected per bay during the 2016 field season (Table 3). There was
no significant different between distances from oyster gear for number of species (p-value =
0.279), however there was near significance between distances for the total abundance of
organisms (p-value = 0.072) (Table 3). The Post-Hoc Tukey tests indicate there is a significant
difference between the number of species collected in all three bays (p-values < 0.001) (Table 4).
The Post-Hoc Tukey tests also indicate there is significant difference between the total
abundance of organisms collected between Rehoboth Bay and Little Assawoman Bay (p-value <
0.001), and Indian River Bay and Little Assawoman Bay (p-value <0.001) (Table 4). There was
no significant difference between the number of organisms collected between Rehoboth Bay and

Indian River Bay (p-value = 0.126) (Table 4).
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4.2.b 2017 Results

During the 2017 Polychaete survey, a fourth site (control) was added to the survey at
Indian River Bay. The results of the Polychaete survey during the 2017 field season indicate the
highest abundance of Polychaetes were found at the Little Assawoman site, similarly to the 2016
season (Figure 20). The lowest abundance of Polychaetes were found at the control site and the
second lowest at the Indian River site (Figure 20). Unlike the 2016 field season, over 190
organisms were collected throughout the field 2017 season at the Rehoboth site. The most
abundant species found at the Little Assawoman, Indian River and Rehoboth sites were the
Glyceridae family (Figure 20). The second most abundant was the Capitellidae family (Figure
20). The top six families of Polychaetes identified include Glyceridae, Spionidae,
Chaetopteridae, Orbiniidae, Capitellidae, and Oweniidae (Figure 20).

The results of a multivariate general linear model indicate there is a significant difference
between both the number of species identified (p-value = 0.001) and total abundance of
organisms collected per bay (p-value < 0.001) during the 2016 field season (Table 5). There was
no significant difference between distances from oyster gear for both total abundance of
organisms (p-value = 0.526) or number of species (p-value = 0.530) (Table 5). The Post-Hoc
Tukey tests indicate there is significant difference between the number of species collected
between Indian River Bay and Little Assawoman Bay (p-value = 0.039), and the control site and
Little Assawoman Bay (p-value = 0.001) (Table 6). There was significant difference between the
total abundance of organisms collected between Little Assawoman Bay and the control (p-value
<0.001), Little Assawoman Bay and Indian River Bay (p-value < 0.001), and Little Assawoman

Bay and Rehoboth Bay (p-value < 0.001) (Table 6).
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4.3 Stable Isotope Analysis

4.3.2 2016 Results

The 2016 nitrogen stable isotope analysis results for the oyster muscle tissue, water
samples and soil samples were mapped using Arcmap 10.5.1 (Environmental Systems Research
Institute, Redlands, California) from the samples collected in June and later in October. The
average nitrogen stable isotope values for October samples of the oyster muscle tissue was 10.24
+0.05%o in Rehoboth Bay, 10.72 + 0.05%o in Indian River Bay, 9.99 £ 0.19%. in Little

Assawoman Bay (Figure 21a).

The average nitrogen isotope values for water samples were mapped. Nitrogen isotope
values for water samples in Rehoboth Bay ranged from 5.59 £ 5.51%o to 6.62 £ 1.19%o (Figure
21b). Nitrogen isotope values for water samples in Indian River Bay ranged from 6.59 + 2.77%o
to 8.35 + 1.98%o (Figure 21b). Nitrogen isotope values for water samples in Little Assawoman
Bay ranged from 5.41 + 0.20%o to 6.92 + 0.17%o (Figure 21b). The map of water nitrogen
isotope values shows a trend of the highest isotopic values in Indian River Bay and lowest values

in Little Assawoman Bay (Figure 21b).

The average nitrogen isotope values for soil samples were mapped and labeled for the
type of land use where the soil was collected from. Nitrogen isotope values for soil samples in
Rehoboth Bay ranged from -0.63 £ .56%o (residential) to 3.95 & .62%o (salt marsh) (Figure 21c¢).
Nitrogen isotope values for soil samples in Indian River bay ranged from 3.70 = .40%.
(commercial) 7.88 + .44%o (salt marsh) (Figure 21c). Nitrogen isotope values for soil samples in
Little Assawoman bay ranged from 4.49 + .10%eo (salt marsh) to 6.79 + .81%o (commercial)
(Figure 21c¢). There were no trends in nitrogen isotope values as it pertains to locations where

samples were obtained from the bay waters and land soils (Figure 21c¢).
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4.3.b 2017 Results

The 2017 nitrogen stable isotope analysis results for the oyster muscle tissue, water
samples and soil samples were mapped using Arcmap 10.5.1 (Environmental Systems Research
Institute, Redlands, California). The average nitrogen s isotope values for October samples of the
oyster muscle tissue was 11.85 + 0.23%o in Rehoboth Bay, 11.72 + 0.09%o in Indian River Bay,

and 11.26 = 0.19%o in Little Assawoman Bay (Figure 22a).

The average nitrogen isotope values for water samples were mapped. Nitrogen isotope
values for water samples in Rehoboth Bay ranged from -1.82 + 15.07%o to 5.79 + 0.40%. (Figure
22b). Nitrogen isotope values for water samples in Indian River Bay ranged from 4.29 + 2.86%o
to 11.68 = 7.22%0 (Figure 22b). Nitrogen isotope values for water samples in Little Assawoman
Bay ranged from 5.10 & 2.04%o to 10.89 & 1.24%. (Figure 22b). Similarly, to the previous year’s
results, the highest nitrogen isotope value was found in Indian River Bay. However, the lowest
nitrogen isotope value was found in Rehoboth Bay. There were some issues with the consistency
of the data. Considering the high standard deviations of some samples, there is suspicion that the
accuracy of the 2017 water sample data was compromised due to contamination of samples

during analysis.

The average nitrogen isotope values for soil samples were mapped and labeled for the
type of land use where the soil was collected from. Nitrogen isotope values for soil samples in
Rehoboth Bay ranged from -13.26 + 2.51%o (residential) to -7.15 £ .86%o (agricultural) (Figure
22¢). Nitrogen isotope values for soil samples in Indian River bay ranged from -11.29 + 3.62%eo
(residential) 0.62 £ 1.49%o (agricultural) (Figure 22¢). Nitrogen isotope values for soil samples in
Little Assawoman Bay ranged from -1.49 £ 1.36%o (salt marsh) to 8.38+ .14%o (agricultural)

(Figure 22c¢). There were no trends in nitrogen isotope values as it pertains to locations where
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samples were obtained from in bays and land use of soil (Figure 22¢). Similarly, to the water
samples during the 2017 field season there were some issues with the consistency of the soil
sample data. Considering the high standard deviations of some samples, there is suspicion that
the accuracy of the 2017 soil sample data was compromised due to contamination of samples

during analysis. It is possible, there was water in the samples which effected the analysis.

Figure 23 shows the land use and land cover of the area surrounding the Delaware Inland
Bays. As shown in Figure 23, the majority of the land use surrounding the bays is developed for
single family homes and cropland. The light blue color indicates wetland area which can be seen
along the shoreline of the bays (Figure 23). An important area to note around the Little
Assawoman bay is the Assawoman Wildlife area located along the western shore between Miller

Creek and Dirickson Creek (Figure 23).

4.4 Summary of Research Findings

The following hypotheses were proposed for this research:

Hypotheses:
Ho1: Oyster aquaculture sites in the Delaware Inland Bays do not show signs of nitrogen

pollution through 8'°N enriched stable isotope analysis values.

Hal: Oyster aquaculture sites in the Delaware Inland Bays do show signs of nitrogen

pollution through §'°N enriched stable isotope analysis values.
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H,2: Polychaete abundance and diversity will not be significantly different under oyster

gear, | meter away from the oyster gear and 5 meters away from oyster gear.

Ha2: Polychaete abundance and diversity will be significantly different under oyster gear,

1 meter away from the oyster gear and 5 meters away from oyster gear.

Based on the finding of this research for nitrogen stable isotope analysis, the alternative
hypothesis is accepted. The null hypothesis is rejected. The results of the stable isotope analysis

show 8'°N enriched stable isotope analysis values.

Based on the finding of this research for the benthic Polychaete assessment, the null
hypothesis is accepted. The alternative hypothesis is rejected. There was no significant difference

between the distances from the gear for both Polychaete abundance and diversity.

The following discussion and conclusion chapter examines the significance of these

results, some possible limitations within the study, and makes suggestions for future research.
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CHAPTER 5: DISCUSSION AND CONCLUSION

5.1 Discussion

As oyster aquaculture is beginning in the Delaware Inland Bays, it is important to
understand what impacts this industry will have on ecosystem dynamics. The goals of this
research were to understand the impact of oyster aquaculture on the benthic community and
determine the extent and sources of nitrogen pollution in the Delaware Inland Bays. The
previous chapter discussed the findings from this research. This chapter discusses the

significance and implications of these findings and suggestions for future research.

The results of the water quality monitoring indicate that these bays are highly susceptible
to changes in water quality. According to U.S. EPA (2017) standards, the suggested value for
inorganic nitrogen in tidal portions of the Delaware Inland Bays is 0.14 mg/L. One potential
factor impacting the water quality in the Delaware Inland Bays’ ecosystems is runoff from
developed land used for agriculture, livestock, and housing developments. According to a study
conducted in Rehoboth Bay by Volk et al. (2006), nitrogen loads from the surrounding watershed
accounted for the highest percentage of nitrogen loading, followed by atmospheric deposition,
and local wastewater treatment. The principle source of nitrogen loads in the Rehoboth Bay

throughout the year is watershed runoff (Volk et al., 2006).

Another factor impacting the water quality is the tidal connection of the bays to the
ocean. As seen in Figure 1, the shared tidal connection for the Rehoboth and Indian River Bays
is the Indian River Inlet. Not shown in Figure 1, is the tidal connection for Little Assawoman
Bay. Little Assawoman Bay is tidally connected through the Ocean City Inlet about 15

kilometers south. Open water areas are highly influenced by flushing due to tidal changes in the
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bays (Walch et al., 2016). Of the three study sites, Little Assawoman and Rehoboth Bays are
located in protected coves, a significant distance from the inlets, which slows flushing rates. The
Indian River site was located closest to its inlet, and yet this is the most polluted of the three
bays. However, flushing rates in the Delaware Inland Bays continues to improve since the
stabilization of the inlet in the 1930’s (Walch et al., 2016). A water quality assessment of the
bays in 2004 showed flushing volume improved by 11% -24% since the last assessment in 1988
(Walch et al., 2016). As flushing rates continue to improve, water quality will become more

stable and nutrient loading will be reduced as more water is exchanged during tides.

While water quality monitoring did show the bays are susceptible to changes in water
quality, there were some limitations on the water quality and nutrient analysis portion of this
research. Firstly, the methods used for nutrient analysis give a relative value. The methods used
were developed mainly for aquaculture purposes. However, because the focus of this research is
aquaculture based and field-testing was required, these methods were chosen. Secondly, two
different nutrient analysis techniques were used, making a direct comparison of data between the
two years difficult. A second technique was used during the 2017 field season due to
accessibility of equipment. During the 2017 field season, water samples needed to be analyzed in
the field. As the Hach method requires laboratory equipment, the Palintest method was chosen as
the Y SI Photometer 9500 is a portable piece of field equipment. However, since both techniques
give relative values, the results of both tests provided the overall water quality conditions in the
three bays. Lastly, measurements for water quality and nutrient analysis were not taken at the
same time during every collection which may have impacted parameters. For example, diel
cycles of dissolved oxygen in aquatic ecosystems results in low oxygen conditions at night and

early morning due to night time respiration (D’ Avanzo & Kremer, 1994). Sonde data collected in
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Rehoboth Bay during the 2016 field season, which sampled every 15 minutes, shows daily
dissolved oxygen levels cycling (Appendix 1). The data exhibits the trend previously described,
dissolved oxygen levels are lowest during the morning, after respiration has depleted oxygen
during the nighttime. This confirms that there are large variations in dissolved oxygen levels

throughout the day.

The results of the Polychaete survey show significant differences in both the number of
species and number of organisms collected throughout the bays. One factor which may have
contributed to the significant differences between Polychaete abundance and species richness
were the variations in the bottom substrate. The bottom sediment in Little Assawoman and
Indian River Bays were sandy and had few anoxic patches. Rehoboth Bay had areas of very thick
clay sediment with anoxic conditions (personal observation). Overall, Little Assawoman’s
abundance of worms may be attributed to the fact that this bay is located further inland, has the

most stable water quality, and the sediment conditions seem to be favorable.

Additionally, in the beginning of the 2016 field season there was an Ulva lactuca bloom,
commonly known as sea lettuce, in Rehoboth Bay. The field site for this location at Camp
Arrowhead was located close to shore in a protected cove. This led to the site being covered in
decaying sea lettuce until late in the season when a storm washed the decaying vegetation out of
the cove. As a result of the decaying vegetation, anoxic muddy conditions developed in the
sediment. Previous studies in the Chesapeake Bay have shown that oxygen depletion due to
eutrophication leads to a decrease in species richness and abundance of microbenthic organisms
(Sturdivant et al., 2014). USGS data collected at Massey’s Landing in Millsboro, Delaware
confirm that the maximum and minimum dissolved oxygen levels at the Rehoboth Bay field site

had a lower dissolved oxygen levels than other areas in Rehoboth Bay. Additionally, the
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maximum value for dissolved oxygen in the Indian River field site was similar to the USGS data
for Massey’s Landing. The comparisons of the data confirm that there were lower dissolved
oxygen levels at the Rehoboth bay field site, most likely due to decay of vegetation causing
anoxic conditions. Therefore, it is possible that the bloom of sea lettuce impacted the benthic

community productivity during the 2016 field season.

During the 2017 field season, the conditions of the bottom sediment in the cove
improved. There were noticeably fewer anoxic clay patches, which may have contributed to the
differences seen in the Polychaete abundances and species compositions. While there were
differences in benthic Polychaete communities in each bay, there were no significant differences
in the benthic communities under and around each gear for both the 2016 and 2017 field seasons.
Similar studies on the impact of aquaculture gear on benthic communities have found results
which indicate oyster aquaculture gear has little to no effect on benthic community composition.
A study by Crawford et al. (2003) found that there was no significant difference between benthic
organisms in and around the shellfish farms studied. In a study conducted by Nugues et al.
(1996), small changes in benthic communities were detected under gear when compared to
uncultivated areas. A study conducted by Forrest and Creese (2006) found that anthropogenic
farming operations contribute to disturbances in the benthic community, which are not caused by

the presence of oysters in aquaculture gear.

One of the most abundant families of Polychaetes found in both 2016 and 2017 was the
Capitellidae family. This family of Polychaete are common, opportunistic feeders often found in
organically enriched sediments (Méndez et al., 2001; Silva et al., 2016). Capitellidae polychaetes
are infaunal deposit feeders which promote decomposition of organic matter, often feeding in

areas enriched with fish farm waste, sewage sludge, and paper mill effluents and oil (Méndez et
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al., 2001). The Capitellidae family can be used as indicator species, as they are a common
species which inhabits polluted marine sediments (Méndez et al., 2001). The other most
abundant group, Glyceridae, are another common family found worldwide (Boggemann et al.,
2012). This cannibalistic species forms a semi-permanent borrow in sandy and muddy sediments
(Boggemann et al., 2012). The two most abundant families found during each field season are

common families, often found in a variety of environments.

Of the other families collected during this study, Oweniidae, Spionidae, and Orbiniidae
were present both years. The Oweniidae family is a common tube dwelling Polychaete found
throughout the world (Fiege et al., 2000). The Orbiniidae family is another commonly found
family that burrows in marine sediments (Francoeur & Dorgan, 2014). One of the top species
found during the 2017 field season, Chaetopteridae, is another common tube-dwelling organism,
found throughout the world (Yueyun, & Xinzheng, 2017). These Polychaetes are found in a wide
variety of habitats from subtidal zones to hydrothermal vents (Yueyun, & Xinzheng, 2017).
Many of the Polychaetes collected in this study were common families which have a wide

distribution globally.

A suggestion for future studies assessing the benthic Polychaete community is to mimic
the actual scale of aquaculture in the bays. The impact may be different with a larger scale
experiment. The scale of hundreds of pieces of gear compared to two pieces of gear may be
significantly more substantial. In order to fully understand benthic community dynamics in the
Delaware Inland Bays, benthic surveys should be continued throughout the bays at larger scale
aquaculture sites. This is especially important since the Ulva bloom in Rehoboth Bay may have

impacted the benthic community during the two-year duration of this study.
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The stable isotope analysis values during the 2016 field season show a clear trend in both
oyster tissue and water samples. The highest 6'°N values for the tissue and water samples were
found in Indian River Bay. In polluted ecosystems, high § '°N values indicate nitrogen pollution
from within the watershed (Fry, 2006). Anthropogenic nitrogen pollution derived from human
and animal waste has '°N enriched isotope values ranging from 8%o to 20%o (Hou et al., 2013).
Whereas agricultural fertilizers have ’N depleted isotope values ranging from -3%o to 3% (Hou
et al., 2013). The highest 8'°N values indicates Indian River bay has the highest amount of
human derived nitrogen. Previous research has shown that Indian River Bay has the highest
levels of human derived nitrogen through other techniques (Walch et al., 2016). As the area
surrounding Indian River Bay is highly developed, anthropogenic nitrogen runoff may be

contributing to the nitrogen loads in the bay.

The stable isotope analysis values from the 2016 field season also show the lowest §'°N
values for both oyster tissue and water samples in Little Assawoman Bay. One possible reason is
that during the sampling season Little Assawoman Bay had the most stable water quality. As
Little Assawoman Bay is located further inland and has a distant tidal connection, it may not be
as susceptible to changes in water quality due to tidal flushing. Another reason, is that the
western shore of Little Assawoman Bay is the protected Assawoman Wildlife Area. This area
may be acting as a buffer zone preventing pollution from entering the bay. Because this area is
protected from development, there is less runoff from developed land entering the bay.
According to Mayer et al. (2006), the width of buffer zones is significantly correlated with
nitrogen removal and sequestration. This suggests the significant area on the western shore of
Little Assawoman Bay could be contributing to the lower nitrogen isotope values in the oyster

and water samples.
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The stable isotope values for oyster tissue during the 2017 field season showed similar
trends to the 2016 field season. Indian River and Rehoboth Bays, had the highest §'°N values in
the oyster tissue samples. Little Assawoman Bay had the lowest 8'°N values, similarly to the
2016 results. Due to an error during the analysis of the 2017 water and soil samples, isotope
values showed high standard deviation. Therefore, this data may not be as reliable as the 2016
data. The error may be due to water content in the samples affecting the analysis. Although there
were problems with the water and soil samples during the 2017 field season, the results of the
2016 stable isotope analysis clearly show this is a viable and effective way to monitor nitrogen

pollution in the Delaware Inland Bays.

As oysters are filter feeders, they have great potential for nutrient bioextraction, which
could be used as a tool to reduce the nitrogen loads in the Delaware Inland Bays. Both the 2016
and 2017 results for the oyster tissue stable isotope analysis show the oyster placed in the bays
assimilated nitrogen throughout the field season. The results of this research indicate the oysters
are up taking human derived nitrogen sources and removing them from the water column.
Harvesting the oysters out of the Delaware Inland Bays will remove the nitrogen sequestered in
their tissue and shell (Reitsma et al., 2017). Additionally, the oysters will aid in nitrogen removal
by creating nitrogen rich biodeposits (Reitsma et al., 2017). As the nitrogen rich biodeposits
enter the benthic community denitrification occurs through microbial activity (Reitsma et al.,
2017). Additionally, long-term burial of deposits in benthic sediment sequesters the nitrogen and

prevents it from reentering the water column (Reitsma et al., 2017).
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5.2 Conclusions

The implementation of oyster aquaculture will have many lasting ecological impacts on
the Delaware Inland Bays. By doing a preliminary assessment on the benthic community and
nitrogen loading, this data can be used as a baseline for future studies to compare to after oyster
aquaculture is in operation. Future studies could utilize this data to monitor, among other things,
pollution reduction, benthic community dynamics, and sources of nitrogen pollution. The
findings of this study show evidence of anthropogenic nitrogen pollution and high susceptibility
to fluctuations in water quality and nutrients in the Delaware Inland Bays. The findings suggest
that the implementation of oyster aquaculture will not have a significant impact on benthic
community composition. In addition, the benthic polychaete study showed that benthic

communities in the bays are impacted from effects of nutrient pollution, such as eutrophication.

Suggestions for future studies include more intensive sampling of soil and water samples
for stable isotope analysis throughout the bays. Sampling soil and water throughout the field
season and in more locations will give a more resolute picture of the locations and types of
nitrogen inputs causing high nitrogen loading in the bays. Soil samples could be taken from sites
with different land uses including agricultural sites, livestock farms, residential areas with septic
systems, residential areas using fertilizers, commercial areas, transitional zones, and protected
wildlife areas to assess the isotopic signatures of different land uses. Additionally, more
intensive sampling of water for particulate organic matter may also be beneficial in tracking
areas from which high nitrogen run-off discharges into the bays. Areas which have storm and

waste water drainage and agricultural drainage through groundwater run-off may be of interest.

As this was only a two-year study, long term monitoring of both nitrogen loading and

benthic communities in the Delaware Inland Bays can provide a better picture of natural
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fluctuation in these ecosystems. For example, the Ulva bloom at the Rehoboth site during the
2016 field season may have impacted the outcome of the benthic assessment. Therefore, a long-
term study monitoring the bays will offer a more complete analysis of these factors and will not

be impacted as greatly by natural anomalies which can influence short-term studies.

The implications of this research are wide reaching. Monitoring the impacts of oyster
aquaculture on a degraded ecosystem like the Delaware Inland Bays gives researchers invaluable
insight into the benefits of oyster aquaculture. Oyster aquaculture can reduce nitrogen loading
through nutrient bioextraction, improve degraded ecosystems, and enhance biodiversity. Oyster
aquaculture is a practical solution to many problems faced by polluted and degraded estuarine
ecosystems. In addition to the ecological benefits of oyster aquaculture to ecosystems, economic
benefits include the creation of a lucrative industry which can lead to tourism and job
opportunities. Overall, this study strengthens the idea that oyster aquaculture will bring both

ecologic and economic benefits to the Delaware Inland Bays.
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FIGURES AND TABLES

Legend
() Field Sites

Figure 1. Field sites in this study for oyster aquaculture to be placed in the Delaware
Inland Bays.
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Figure 2. Oyster aquaculture gear used in this study a) metal aquaculture cages
b) plastic aquaculture trays.

Figure 3. Equipment used for water quality monitoring a) Handheld
YSI b) Handheld Aquaflour ¢) WQ770 Turbidimeter.
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Figure 4a). HACH R3900 Laboratory VIS Spectrophotometer used
for nutrient analysis.
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Figure 4b). YSI Photometer 9500 used for nutrient analysis.
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Figure 5. The amount of variances described by each component in a PCA for the
water quality and nutrient analysis data for 2016.
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Figure 6. Biplot of components 1 and 2 which resulted from the PCA of the 2016
water quality data. The red lines with arrows indicate the influences of the

variables in each component. The black numbers indicate a sample number.
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Figure 7. PCA plot for 2016 water quality PCA scores. The color of the circles
represents the different sites. Black represents Indian River Bay, green represents

Rehoboth Bay, and Red represents Little Assawoman Bay.
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Table 1. Minimums and maximums of water quality parameters for
Indian River (IR), Little Assawoman (LAW), and Rehoboth Bays (RB)
during June through October 2016.

Parameterf( Bay[ Max[ Min@
Temperatureg X2 30.680 13.260
O LAWE 31.230 12.490
RBO 31.420 21.730
IR 9.080 7.480
pHE LAWE 9.120 7.520
RBE 8.270 7.380
Salinity® IR 340 15.870
(op1) LAWE 300 14.970
RBO 34 26.740
_ IR 0.460 0
‘?;“g';‘l“’)“a LAWE 0.6 0m)
RBO 0.9 0
- IR 0.014M e
l(vr:;'/tf) LAWE 0.0320] 0.0020)
RBE 0.140 0.0020)
Amatiniys S0 0 )
(mg/L)a
RBO 1220 53
IR 2630 2540
Hardness LAWE 350 2660
(mg/L)®
RBE 3280 2500
. IRE 1.20 0
TotalNitrogen @ LAWE 2 80 0@
(mg/L)E
RBM 2.7 0
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Figure 8. Monthly averages with standard deviation of DO% in Indian River, Little
Assawoman, and Rehoboth Bays for June through October 2016.
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Figure 9. Monthly averages with standard deviation of Nitrate (mg/L) in Indian River, Little
Assawoman, and Rehoboth Bays for June through October 2016.
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Figure 10. Monthly averages with standard deviation of Orthophosphate (mg/L) in Indian
River, Little Assawoman, and Rehoboth Bays for June through October 2016.
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Figure 11. Monthly averages with standard deviation of Turbidity (NTU) in Indian River,
Little Assawoman, and Rehoboth Bays for June through October 2016.
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water quality and nutrient analysis data for 2017.
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Figure 13. Biplot of components 1 and 2 which resulted from the PCA of the 2017
water quality data. The red lines with arrows indicate the influences of the

variables in each component. The black numbers indicate a sample number.
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Table 2. Minimums and maximums of water quality parameters for
Indian River (IR), Little Assawoman (LAW), and Rehoboth Bays (RB)

during June through October 2017.

Parameterf Bay[ Max[ Minp
Temperature K 27.210 17.380
02 LAWE 28.820 19.500
RBO 31.420 21.730
IRE) 9.020 7.030
pHE LAWE 9.270 6.380
RBM 9.330 7.100
Salinity® IRE 33.280 23.750
(opO) LAWE 28.800 11.93M@
RBH 29.700 19.160@
_ IRE 1.000 0.050
?I:lng';’f)"a LAWE 0.996 0.026
RBH 0.800 0.040
- IRE 0.0230 0m
l;:;‘;f) LAWE 0.0140 0m
RBM 0.0170 0m
. IRE 1500 310
?;i(ga/li';ty LAWE 991 420
RBM 1380 180
IRE) 3520 2110
Hardnessf LAWE 3010 2590
(mg/L)X
RBM 3180 2450
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Figure 15. Monthly averages with standard deviation of DO% in Indian River, Little
Assawoman, and Rehoboth Bays for June through October 2017.
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Figure 16. Monthly averages with standard deviation of Nitrate (mg/L) in Indian River,
Little Assawoman, and Rehoboth Bays for June through October 2017.
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Figure 17. Monthly averages with standard deviation of Phosphate (mg/L) in Indian River,
Little Assawoman, and Rehoboth bays for June through October 2017.
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Figure 18. Monthly averages with standard deviation of Turbidity (NTU) in Indian River,
Little Assawoman, and Rehoboth bays for June through October 2017.
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Figure 19. Total abundances of top six families of Polychaetes found during June through
October 2016.
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Table 3. Results of multivariate general linear model on distance from gear and sites (bays)
for number of species and total abundance (N) of 2016 Polychaete data.

Tests of Between-5Subjects Effects

Type Il 5um
Source Dependent Variable  of Squares df Mean Square F 5ig.
Corrected Model # of species 172.786% 8 21.598 9.722 000
total N 4364.894" 8 545.612 17.737 000
Intercept # of species 250.811 1 250.811 112.893 000
total N 3332.058 1 3332.058 108.319 000
Distance # of species 5.919 2 2.960 1.332 279
total N 176.760 2 88.380 2.873 .072
Bay # of species 155.664 2 77.832 35.033 000
total N 3738.788 2 1869.394 60.770 000
Distance * Bay # of species 9.277 4 2.319 1.044 A01
total N 227.159 4 56.790 1.846 146
Error # of species 66.650 30 2.222
total N 922.850 30 30.762
Total # of species 501.000 39
total N 8817.000 39
Corrected Total # of species 239.436 38
total N 5287.744 3B

a. R Squared = .722 (Adjusted R Squared = .647)
b. R Squared = .825 (Adjusted R Squared = .779)

Table 4. Post-Hoc Tukey tests show differences between the sites (bays) for number of
species and total abundance (N) of 2016 Polychaete data.

Multiple Comparisons

Diffg:’ee;rge (- 95% Confidence Interval

Dependent Variable ( Bay () Bay 1) Std. Error Sig. Lower Bound  Upper Bound
# of species  Tukey HSD IR LA -2.5385" 58463 .000 -3.9797 -1.0972
RB 2.3846" .58463 .001 .9433 3.8259

LA IR 2.5385" 58463 .000 1.0972 3.9797

RB 4.9231 58463 .000 3.4818 6.3644

RB IR -2.3846" .58463 .001 -3.8259 -.9433

LA -4.9231 .58463 .000 -6.3644 -3.4818

total N Tukey HSD IR LA -18.8462°  2.17545 .000 -24.2092 -13.4831
RB 4.3846  2.17545 126 -.9784 9.7477

LA IR 18.8462°  2.17545 .000 13.4831 24.2092

RB 23.2308"  2.17545 .000 17.8677 28.5938

RB IR -4.3846  2.17545 126 -9.7477 .9784

LA -23.2308"  2.17545 .000 -28.5938 -17.8677
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Figure 20. Total abundances of top six families of Polychaetes found during June through
October 2017.
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Table 5. Results of multivariate general linear model on distance from gear and sites (bays)
for number of species and total abundance (N) of 2017 Polychaete data.

Tests of Between-5ubjects Effects

Type Il Sum
Source Dependent Variable of Squares df Mean Square F Sig.
Corrected Model  # of species 29.750° 11 2.705 2.437 021
total N 1643.021° 11 149.366 9.792 000
Intercept # of species 167.321 1 167.321 150.752 000
total N 1736.000 1 1736.000 113.813 000
Bay # of species 20.993 3 6.998 6.305 001
total N 1512.005 3 504.002 33.042 000
Distance # of species 1.435 2 718 647 530
total N 19.918 2 9.959 653 526
Bay * Distance # of species EYd 5] 1.289 1.162 347
total N 94.776 & 15.796 1.036 418
Error # of species 41.067 37 1.110
total N 564.367 37 15.253
Total # of species 255.000 49
total N 4194.000 49
Corrected Total # of species 70.816 48
total N 2207 388 48

a. R Squared = .420 (Adjusted R Squared = .248)
b. R Squared = .744 (Adjusted R Squared = .668)
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Table 6. Post-Hoc Tukey tests show differences between the sites (bays) for number of
species and total abundance (N) of 2017 Polychaete data.

Tests of Between-5ubjects Effects

Diﬁyree?]rge (- 95% Confidence Interval

Dependent Variable (I Bay ()) Bay 1)} 5td. Error Sig. Lower Bound  Upper Bound
# of species Tukey HSD (g IR -.6923 44314 412 -1.8842 49986
LA -1.8462" 44314 001 -3.0381 -.6542

RE =-1.0000 44314 127 -2.1919 1919

IR Co 6923 44314 412 -.4996 1.8842

LA -1.1538" 41323 039 -2.2653 -.0424

RE -.3077 41323 878 -1.4192 .B0O38

LA Co 1.8462" 44314 001 6542 3.0381

IR 1.1538" 41323 039 0424 2.2653

RE .B462 41323 189 -.2653 1.95786

RB Co 1.0000 44314 A27 -.1919 2.1919

IR 3077 41323 878 -.B0O38 1.4192

LA -.B4B2 41323 189 -1.9576 2653

total N Tukey HSD g IR -1.3692  1.54275 .B38 -5.7878 3.0494
LA -14.0615" 1.64275 000 -18.4801 -9.6429

REB -3.2923 1.64275 205 -7.7109 1.1263

IR Co 1.3692 1.64275 .B38 -3.0494 5.7878

LA -12.6923" 1.53187 000 -16.8127 -8.5719

RE -1.9231 1.53187 .596 -6.0434 2.1973

LA Co 14.0615" 1.64275 000 9.6429 18.4801

IR 12.6923" 1.53187 000 B.5719 16.8127

RE 10.7692" 1.53187 000 b.6489 14.8896

REB Co 3.2923 1.64275 205 -1.1263 7.7109

IR 1.9231 1.53187 596 -2.1973 6.0434

LA -10.7692" 1.53187 000 -14.8B896 -6.6489
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Figure 21a. Map of nitrogen signatures for oyster samples in 2016.
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Figure 21b. Map of nitrogen signatures for water samples in 2016.
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Figure 21c. Map of nitrogen signatures for soil samples in 2016.
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Figure 22a. Map of nitrogen signatures for oyster samples in 2017.
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Figure 22b. Map of nitrogen signatures for water samples in 2017.
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Figure 23. Map of land use and land cover for area surrounding the Delaware Inland Bays.
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